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Nowadays humans are almost continuously exposed to micro- and nanoplastics (MNPs) through food and air, but very
little is known about the exposure level and impact on our health. Here, we focus on bottled mineral water and cultured
human podocytes as representative kidney cells prone to accumulation of particles. It is demonstrated that identical MNPs
and cells can be precisely relocalized and extensively characterized down to nanoscale in independent instruments using
nanoGPS and ParticleFinder technologies developed by HORIBA. Reference particles and particles contained in mineral
water were detected, enabling statistical distributions of their mean number, size, and type depending on the bottle and
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label materials. The primary effects of MNPs (three standards and tyre wear) on human podocytes were assessed using a
cell viability test followed by correlative microscopy and spectroscopy investigations of the same cells. We observed
changes in the biological features of MNP treated cells compared to non-treated controls, attributed to cell damage
through surface adhesion and uptake of plastic particles. The integration of automatic relocalization and detection of identical objects in a multi-instrument workflow represents a novel analytical approach that can be applied beyond this topic.
Key words
microplastic, nanoplastic, tyre wear, podocytes, kidney, nanoGPS, ParticleFinder, SEM, Raman, correlative workflow,
microscopy, spectroscopy

Introduction
Production of plastics has dramatically increased over the
last decades and with it the plastic waste in the environment.[1] Plastics are nowadays used almost in all products
including packaging, construction, textiles, tires, cosmetics, and so on.[2-4] The major issue is the mismanaged
plastic waste that is not collected at all or improperly filtered and recycled, which significantly contaminates the
environment on a global scale through the transfer
between terrestrial, river, and ocean compartments.[5]
Once left in the environment, plastic debris persists and
degrades continuously into smaller fragments down to
micro- and nanoplastic (MNP) particles, attributed to size
classes of < 5 mm and < 1 μm or ≤ 100 nm, respectively.[6,7]
With time, these MNPs are assumed to develop into toxic
chemical cocktails by increased adsorption of hazardous
pollutants and pathogens from the environment given
their larger surface areas due to fragmentation, in addition to additives and pigments added during manufacturing of plastics. Moreover, the smaller the plastic particles
become (< 1.5 μm), the higher the probability to enter by
ingestion and inhalation into human organs and subsequently to accumulate and leach chemicals with still
unknown toxicological effects on our health.[8-10]
Microscopy- and spectroscopy-based methods are commonly used to monitor MNPs in environmental samples
usually after filtering as well as in various biological
matrices and organisms. The employed techniques mainly
include optical microscopy with stereozoom, scanning
electron microscopy (SEM) with energy dispersive X-ray
spectroscopy (EDS), pyrolysis gas chromatography coupled with mass spectrometry (py-GC-MS), Fouriertransform infrared (FT-IR) and Raman microspectroscopies, each method with its benefits and
drawbacks.[11-13] Recently, we showed that a correlative
approach is needed to avoid overestimation of particles’
size and underestimation of particles’ number for clustered MNPs as well as to measure Raman without optically visualizing the plastic nanoparticles by overlapping
SEM and optical images of high (< 10 nm) and low (~ 1
μm) spatial resolution, respectively. This was achieved by
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a correlative microscopy and spectroscopy workflow
applied to identical MNP particles on large-area filters
using an optical zoom microscope and a hyphenated
SEM-Raman instrument (with a bright field optical objective for micro-Raman inside the SEM vacuum chamber).[14]
However, such combined systems are limited with respect
to the number of measurement techniques available on
one instrument compared to stand-alone, method-specific
instruments from different manufacturers, in which finding the same micro- and nanosized objects is still a challenge.[15-19]
In this work, the first application of a newly developed
relocalization technology for a detailed characterization
of MNPs and their effects on human kidney cells in independent instruments is demonstrated. This technology is
based on a patented position encoder tag (from HORIBA),
called nanoGPS tag, with lithographically defined patterns. These patterns are used to translate the sample
coordinates corresponding to the regions of interest (ROIs)
into the stage coordinates of different instruments (from
HORIBA, Zeiss, Leica in this study), regardless of the
sample orientation. Furthermore, the applicability of the
ParticleFinder software module (from HORIBA) for automatic detection of microplastic (MP), pigment, and additive particles on large-area filters is shown. Context
microscopy and fingerprinting spectroscopy approaches
were applied to standard MPs, microparticle contamination of bottled mineral water, and human podocytes that
were either untreated or incubated with MNPs. The podocytes exposed to MNPs were under stress and started to
die gradually, indicating an overall effect of particle
exposure on cell viability.

Experimental
The samples investigated in this study can be divided into
three categories: reference micro-sized plastic particles,
mineral water from different bottle types bought in
Bavarian food stores, and human podocytes cell cultures
exposed to MNPs.
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Standard MP particles
Commercially available standard plastics (see Table 1)
were selected to match the polymer types routinely
encountered in the environment.[13,20,21] A mixture of
polyethylene (PE), poly(vinyl chloride) (PVC), polyamideNylon 6 (PA), polystyrene (PS), and polypropylene (PP)
particles were suspended in a solution (ultrapure water
and sodium dodecyl sulphate (SDS)) followed by vacuum
filtration through polycarbonate (PC) membrane filters
(diameter 25 mm, pore size 0.4 μm) previously coated
with aluminum (Al thickness 100 nm) as detailed in our
previous work.[22] These reference materials were used to
evaluate the nanoGPS relocalization technology (hardware

and software) and its integration in a correlative microscopy and spectroscopy workflow applied to identical
MNP particles (see Figure 1). The nanoGPS tag
(4×5 mm2 silicon piece) is firmly attached next to the
filter, which is rigidly stretched and flattened between two
metal rings fixed on a SEM holder, to avoid any thermal
drift and ensure precise relocalization in different instruments. Along with the corresponding NaviGo software,
the instruments’ stages involved in the workflow are calibrated and the coordinates of ROIs are recorded.
Mineral water particles
Real mineral water samples packaged in reusable bottles

Table 1 Details

of the plastic particle standards used in the present study to assess the nanoGPS relocalization and the exposure of human podocytes to
plastics (PVC, PA, PP). Adapted with permission from Springer Nature.[22]

Material

Type

Manufacturer

Size (μm)
1-10

Polyethylene (PE)

Clear microspheres, powder

Cospheric

Poly (vinyl chloride) (PVC)

Powder

Pyropowders.de

< 50

Polyamide - Nylon 6 (PA)

Powder

GoodFellow

15-20 (average particle size)

Polystyrene (PS)

Polybead Micron Microspheres, 2.5% solids in water

Polysciences Inc.

1

Polypropylene (PP)

Chromatographic Grade, powder

Polysciences Inc.

25-85

10-106

Figure 1 Correlative microscopy and spectroscopy workflow for micro- and nanoplastics on an Al coated PC membrane used to
filter MNPs from water. First, a so-called nanoGPS tag is attached directly to the sample. Second, three images are
recorded at random positions on a pattern (different patterns correspond to various instrument magnifications) and fed
into a software that calibrates the global, stage coordinates into local, tag (sample) coordinates including sample rotation.
This procedure is repeated for each instrument to be used in the workflow. Third, identical ROIs are precisely relocalized
in independent instruments, regardless of the sample orientation. Fourth, the same single or agglomerated particles are
imaged at optical (BF, DF) and SEM spatial resolutions to assess size, shape, number, and surface morphology of MNPs
down to nanoscale. DF imaging is used to clearly distinguish MNPs from the porous structure of large-area filters. Fifth,
unambiguously chemical identification by micro-Raman spectroscopy is applied. The Raman spectra are taken with permission from the Society for Applied Spectroscopy.[14]
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made of poly(ethylene terephthalate) (PET), in single use
PET bottles, and in glass bottles (single and reusable)
were analyzed for microparticle contamination, taking
also into account bottle age as well as label and cap type.
Before suspension in SDS solution and vacuum filtration
through Al coated PC membranes, calcium and magnesium carbonate particles were dissolved with ethylene
diamine tetraacetic acid tetrasodium salt (EDTA) to
reduce the number of non-plastic particles.[21] To obtain
statistically relevant data given the complexity of bottled
mineral water contamination including microplastic, pig-

ment, additive, and mixed particles, we employed an
automatic particle detection approach. This is based on
the ParticleFinder software that transforms large-area (1
mm2) dark field optical images obtained by stitching into
grey scale images, on which particles are easily detectable
using their brightness, counted, classified by size and
shape, and their coordinates recorded for further
micro-Raman chemical identification. Thus, the mean
number of microplastic, pigmented, and additive particles
(projected to 1 L sample volume), their size, and type distributions were estimated (see Figure 2, additives not

Figure 2 (a)
 Example of a dark field montage (1 mm2) obtained by stitching, on which particles from mineral water samples shine brighter than the pores of
the Al coated PC membrane filter. (b) ParticleFinder software converts the DF image into a grey scale image used to automatically detect, classify, and measure Raman spectra of individual particles at their center, marked by red points. (c, d, e) Mean number of microplastics ± standard
deviation projected to 1 L sample volume, size, and plastic type distributions function of the bottle material. (f, g, h) Mean number of pigments ±
standard deviation projected to 1 L sample volume, size, and pigment type distributions function of the bottle material. Adapted with permission
from Elsevier.[21]
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included).[21,22]
Human podocytes exposure to MNPs
Conditionally immortalized human podocytes that contain a heat sensitive CV40T antigen were cultured as
described previously.[23] Podocytes were proliferated
under growth permissive conditions at 33°C and further
differentiated through the inactivation of SV40 T-antigen
at 37°C. After 7 days of differentiation, cells were treated
with different concentrations of diluted standard plastic
(PVC: 0.5, 1 mg/ml; PA: 0.5, 1 mg/ml; PP: 2.5, 5 mg/ml)
and tyre wear (0.125, 0.5 mg/ml) particles for 7 h to evaluate their possible effects on the cells. In order to decrease
the aggregation of particles, they were sonicated before
the incubation. Following the particle treatment, cells
were washed two to three times with phosphate buffered
saline (PBS) and fixed for further biological, imaging, and
spectroscopy assays. For this study, the podocytes were
grown on the surface of silicon wafers previously coated
with platinum (Pt thickness 100 nm) that were attached
along with nanoGPS tags to SEM holders to avoid relative
sample - tag position shifts when moving between
instruments.
Analytical methods
Complementary analytical techniques present on different

instruments were used to visualize and detect MNPs on
filters and inside cells as well as to determine the changes
in cells caused by the contact with MNPs. All measurements have been performed at room temperature. The
latter point was first addressed by using a live-dead cell
imaging kit based on two-color fluorescence cell viability
assay (Thermo Fischer Scientific). Based on this assay,
cell-permeable and cell-impermeable dyes were used for
staining of live and dead/dying cells, respectively.
Following the particle treatment, the live/dead cells were
assigned based on the kit instruction. Fluorescent images
were collected with the use of an Evos M5000 imaging
microscope (Thermo Fischer Scientific) (see Figure 3).
Furthermore, we employed a confocal micro-Raman
spectrometer (HORIBA LabRAM HR Evo-Nano or
XploRa PLUS), operated by the LabSpec 6 software (with
data analysis and ParticleFinder), equipped with bright
and dark field illumination (BF, DF) objectives coupled to
a camera to image MNPs and cells (~ 1 μm spatial resolution). Three lasers (532, 633, and 785 nm) focused by 50×
(NA 0.75) or 100× (NA 0.9) objectives were used for
Raman excitation and collection in a backscattering
geometry with laser powers of 1.2 mW or 3.2 mW (532
nm), 11.2 mW (633 nm), and 5.3 mW (785 nm). Two gratings (300 and 600 grooves/mm) and integration times of 1

Figure 3 Fluorescence live - dead cell imaging (green - red) to assay the cytotoxicity of microplastic and tyre wear particles on podocytes, following
7 h particle exposure at relevant concentrations (mg/ml) and washing with PBS. The control cells were non-treated or intentionally killed to
check the live - dead cell imaging kit. The concentrations to initiate and induce a notable impact on podocytes depends on the polymer
type. During particle incubation the cells are under stress and start to die gradually. Consequently, some of the degraded cells are washed
away and not assigned with colors. Some attached particles with intrinsic fluorescence are also visible. The preliminary results of this
assay are yet mostly qualitative and show an overall effect of particle treatment on the cell viability. Scale bars are 300 μm.

English Edition No.54 July 2020

27

Guest Forum

Context Microscopy and Fingerprinting Spectroscopy of Micro- and Nanoplastics and Their Effects
on Human Kidney Cells Using nanoGPS and ParticleFinder

- 20 s and 2x accumulations were applied. The acquired
Raman spectra and maps (step size 1 μm) were analyzed
to chemically identify the particles and the structural
damage induced by them on the human podocytes. A
SEM (Zeiss field emission Auriga, secondary electron
detector) was used for a detailed morphological imaging
of MNPs and cells (< 10 nm spatial resolution) at a low
voltage of 1 kV to avoid modifications caused by electron
scanning. The height profiles of the same cells investigated by micro-Raman and SEM were measured by a
confocal imaging microscope (Leica DCM 3D), the relocalization of identical cells being realized using the
nanoGPS technology (see Figure 4). Moreover, because
of the superposition of Raman bands related to the plastic
materials and cells, we applied a classical least squares
algorithm (CLS) available in LabSpec 6 to highlight the
spatial distribution of MNPs on the mapped cells (see
Figure 5).

Results and Discussion
nanoGPS relocalization
The nanoGPS relocalization technology for correlative
microscopy and spectroscopy investigations is illustrated
in Figure 1 for standard micro-sized plastic particles
(Table 1), with some particles being by chance < 1 μm.
First, a nanoGPS tag is rigidly mounted next to the Al
coated PC membrane filter, both on a SEM holder that is
moved between instruments, such that the tag and sample
keep their positions relative to each other. The smaller the
distance between tag and sample, the better the relocaliza-

tion accuracy that can be further influenced by stage and
imaging characteristics. Second, the multiscale and multimodal patterns on the tag are employed to calibrate the
stage of each instrument, different feature sizes being
used for distinct instrument magnifications (see SEM
image of the entire tag). Three images are taken at
random positions on a chosen pattern and fed along with
the global, stage coordinates into the NaviGo software. In
this example, images were recorded with the 10× objective of the optical microscope on the micro-Raman spectrometer. The software automatically determines the
local, sample coordinates and rotation with respect to the
tag. This calibration procedure is repeated for all instruments in the workflow and can be recalled anytime by
recording one single image on the same pattern, independent of stage and sample rotation.
In the third step, one or more ROIs are located on the filter
and their sample coordinates are saved in one instrument
and retrieved in other instruments by converting sample,
local into stage, global coordinates. In our case, largearea optical images acquired by stitching under BF and
DF illumination are compared to a large field of view
SEM image, with the same particle marked on all overview pictures. Next, MNPs can be directly relocalized
and imaged at spatial resolutions of optical and electron
microscopies (step four) and their spectral fingerprints
determined by micro-Raman spectroscopy (step five) (PP
is not shown). While on the BF and DF optical images
these particles appear to be single, SEM imaging reveals
that PE and PVC are cluster particles. When approaching

Figure 4 Correlative

microscopy and spectroscopy workflow applied to podocytes untreated, control (first row) and particle treated (second row) with 1 mg/
ml PA (Table 1 and Figure 3) using the nanoGPS position encoder tag (Figure 1). Two representative cells were easily relocalized and investigated in three independent instruments from different manufactures (Horiba, Zeiss, Leica) with complementary analytical techniques. First, an
integrated optical microscope with dark (a, f) and bright (b, g) field illumination and micro-Raman spectrometer are used for a fast visual inspection of cells, followed by Raman imaging (c, h), showing less Raman signal for treated cells (note the same scale) that is an indication of podocytes damage after exposure to PA. Second, SEM imaging (d, i) reveals detailed surface morphology changes at nanoscale induced by the PA
treatment and visualizes a PA nanoparticle (~ 30 nm), as confirmed by micro-Raman spectroscopy, delimitated by the square in the second row.
Third, an interferometric profilometer is employed to measure the height profile without (e) and with (j) plastic contamination (note the same
scale), PA incubated cells being flatter. Two horizontal profiles are also shown (maximum heights of ~ 1.5 μm and ~ 0.8 μm for the control and
treated cell, respectively). Scale bars are 3 μm.
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Figure 5 (a)
 Classical least squares (CLS) fitting is applied to decompose each measured Raman spectrum into its spectral components based on given
reference spectra. (b) Separate score maps are generated for each component as illustrated for the podocyte cell treated with PA shown in
Figure 4 (second row). The square indicates the position of a PA particle. Thus, despite the superimposed and complex Raman bands of cells
and MNP particles, the spatial distribution of MNPs can be clearly localized. Scale bars are 3 μm.

the filter pore size, particles are barely visible in BF, but
clearly noticeable in DF because they shine brighter than
the pores, as seen for PVC. Moreover, SEM shows smooth
surfaces with spherical and fragment-like shapes for the
studied polymer particles. It should be noted that BF, DF,
and Raman are usually performed before SEM; however,
low-voltage SEM does not damage MNPs, so that Raman
after SEM is also possible.[14] All in all, nanoGPS tagging
enables sample navigation and observation at different
length scales in independent instruments, thus detailed
morphological (size, shape, surface, number) and chemical characterization of the same micro- and nanoparticles
is achievable.

ParticleFinder
The ParticleFinder software module combined with DF
optical microscopy and micro-Raman spectroscopy represents another example of correlative analysis applied here
to study contamination by microplastic, pigment, and
additive particles in bottled mineral water. 32 samples
from 21 different brands of mineral water were
investigated to determine the number, size, and type of
particles, the results being summarized in Figure 2.[21] DF
imaging is used to scan five large-area image montages (1
mm2) on each sample to warrant significant particle statistics. Such a montage generated by stitching (Figure 2a) is
then converted into a grey scale image, on which all particles ≥ 1 μm are automatically detected and individually
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measured by micro-Raman (Figure 2b).
We identified varying amounts of microplastics in water
from all bottle types, partly resulting in large error bars
when calculating the mean particle number (Figure 2c);
however, some trends are clearly visible. On average,
higher number of microplastics were found in water from
reusable (PET and glass) compared to single use PET bottles. Interestingly, newish, reusable PET showed less
microplastics than older, reusable PET, but similar to
single use PET, suggesting that the bottle age can critically affect MP contamination. Regarding the average
size distribution, 90.5% of MPs were ≤ 5 μm in all bottles
and ~ 50% were ≤ 1.5 μm in PET bottles (Figure 2d),
these MP size classes being addressed for the first time in
such samples.[21,24] The predominant polymer type
detected in PET bottles was PET considered to originate
from the bottle material, while some PET particles displayed olefinic or pigment spectral interferences. In glass
bottles, we mainly found PE and PS attributed to abrasion
of caps on the glass bottleneck as well as PS, styrenebutadiene-copolymer, and PET most likely from the
machinery used for the cleaning process (Figure 2e).
In addition to microplastics, pigmented and additive particles were also detected in the analyzed mineral water
samples. Large variations in the number of pigmented
particles in water from different bottle and label types
were observed (Figure 2f). On average, single use PET
contained less pigments similar to blank samples, while
reusable PET and glass bottles with printed paper labels
showed higher amounts of pigments. Alike MPs, older,
reusable PET displayed more pigments than newish, reusable PET and most of the pigmented particles belonged to
size classes investigated for the first time, 91.5% were ≤ 5
μm and 45.1% were ≤ 1.5 μm (Figure 2g).[21,24] We found
that the pigment types mainly correspond to the colors
used for printing on the paper labels (Figure 2h). These
pigment particles originate from the paper labels and
enter into the bottles during the cleaning process. [25]
Additive particles were detected in reusable PET bottles
and considered to leach from the bottle material (68.6%
were ≤ 5 μm and 11.7% were ≤ 1.5 μm). These results
demonstrate that ParticleFinder can be used for automatic
detection, classification, and Raman measurement of particles < 1.5 μm from real samples, which is very important
due to toxicological reasons, since this size class is considered small enough to penetrate deeply into organs.[21,22]
Effects of MNPs on podocytes
The potential risk of plastic particles on human health is
addressed in this study using human podocytes as a
highly-specialized kidney cell type. Since kidneys are
involved in the filtration process and do not regenerate
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their cells continuously, they are likely to accumulate
MNPs over the lifetime.[26] We performed cell viability
tests after incubation of podocytes with four different
MNP types (standards PVC, PA, PP, and tyre wear) using
a live-dead (green - red) cell fluorescent based kit.
Representative results for relevant plastic concentrations
after 7 h exposure with respect to control cells are
summarized in Figure 3. The cytotoxicity response is
found to depend on the polymer type, a higher concentration is needed for PP (5 mg/ml) compared to PVC, PA,
and tyre wear (0.5 - 1 mg/ml) to achieve a similar cell
mortality rate. Two mechanisms are proposed to explain
the damage induced by the plastic particles on podocytes
and finally their death. First, particles can attach on the
cell surface and limit the nutrient uptake, the degree of
attachment depending on particles’ adhesion properties
and sizes. Some particles still remained attached after
three times washing with PBS following incubation and
can be visualized based on their intrinsic fluorescence as
shown in Figure 3. Second, smaller size particles can be
taken up into the cells by phagocytosis as illustrated in
Figure 4 for PA particles.

The correlative microscopy and spectroscopy characterization of identical cells using the nanoGPS relocalization
technology is demonstrated in Figure 4, exemplary
shown for PA treated cells. Two representative podocytes
(control and incubated) are localized in three independent
instruments and studied with complementary analytical
techniques down to nanoscale resolution. Optical imaging
(~ 1 μm spatial resolution) under DF (a, f) and BF (b, g)
illumination show the degradation and deformation of
cells after particle exposure. The structural damage is
further confirmed by micro-Raman mapping (c, h),
treated cells display Raman spectra with less intensity (note
the same scale for the integrated area maps). High spatial
resolution SEM imaging (< 10 nm) is used to assay the
integrity of cell features at nanoscale, exposed cells do
not regularly show normal biological features like heterogeneous surface, nucleus, and foot processes (d, i). Height
profile imaging acquired with an interferometric profilometer quantifies the deformation of incubated cells
that flatten with respect to control cells (e, j), with height
changes from ~ 0.8 μm to ~ 1.5 μm, respectively (note the
same scale). Given the complex peak structure of Raman
spectra from cells and plastic particles and the large overlap between peaks, we employed a CLS fitting algorithm
that decomposes each measured Raman spectrum into its
spectral components and provides score distribution maps
for each component as displayed in Figure 5. This
enables us to spatially resolved MNPs without underlying
podocyte and substrate backgrounds, which are shown
separately. Taking advantage of the nanoGPS relocaliza-
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tion capability in a correlative workflow, the same PA
particle (outlined by the square in Figure 5b and Figure 4
- second row) was imaged by SEM and found to be a
nanoparticle (~ 30 nm) most likely taken up into the cell
by phagocytosis (Figure 4i). All in all, these preliminary
experiments indicate the negative influence of plastic particles on human podocyte cells; however, more assays are
needed to account for other relevant polymers present in
the environment and their separate and mixed effects on
different human organs, tissues, and cells.

* Editorial note: This content is based on HORIBA’s
investigation at the year of issue unless otherwise stated.
George Sarau and Melina Yarbakht contributed equally to
this work.

Conclusion
The present study introduces an efficient measurement
protocol for the assessment of contamination, accumulation, and hazards related to micro- and nanoplastic particles in bottled mineral water and human kidney cells.
This protocol combines context microscopy and fingerprinting spectroscopy with automated relocalization
(nanoGPS) and detection (ParticleFinder) of the same
MNPs and cells in separate instruments from distinct
manufactures (HORIBA, Zeiss, Leica). Results on microparticle contamination (average number, size, type) in
mineral water and toxicity effects of MNPs (standards
PVC, PA, PP, and tyre wear) on podocytes (in-vitro) are
reported. It was found that the bottle material (single use,
reusable PET and glass), bottle age (older, newish reusable
PET), and label print (paper, plastic) affect the distributions of microplastics, pigments, and additives. In contrast
to non-treated controls, podocytes incubated with MNPs
tend to lack usual cell characteristics such as heterogeneous surface, nucleus, and foot processes, confirming
the potential risk of plastic particles on the viability of
cells. These findings were revealed by a biological cell
test supported by complementary methods involving optical (bright, dark field) and scanning electron microscopy,
micro-Raman spectroscopy (with CLS spectra fitting),
and height interferometric profilometry. Further work will
deal with different plastic types, concentrations, and
exposure times.
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